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Abstract
Phototrophic biofilms are matrix-enclosed microbial
communities, mainly driven by light energy. In this
study, the successional changes in community composi-
tion of freshwater phototrophic biofilms growing on
polycarbonate slides under different light intensities were
investigated. The sequential changes in community
composition during different developmental stages were
examined by denaturing gradient gel electrophoresis
(DGGE) of polymerase chain reaction (PCR)-amplified
16S rRNA gene fragments in conjugation with sequenc-
ing and phylogenetic analysis. Biofilm development was
monitored with subsurface light sensors. The develop-
ment of these biofilms was clearly light dependent. It was
shown that under high light conditions the initial
colonizers of the substratum predominantly consisted
of green algae, whereas at low light intensities, hetero-
trophic bacteria were the initial colonizers. Cluster
analysis of DGGE banding patterns revealed a clear corre-
lation in the community structure with the developmental
phases of the biofilms. At all light intensities, filamentous
cyanobacteria affiliated to Microcoleus vaginatus became
dominant as the biofilms matured. It was shown that the
initial colonization phase of the phototrophic biofilms is
shorter on polycarbonate surfaces precolonized by het-
erotrophic bacteria.
Introduction
Phototrophic biofilms are formed on surfaces in a range
of terrestrial and aquatic environments (e.g., [7, 15, 20]).
The major energy source in these biofilms is photosyn-
thesis. Aerobic diatoms, green algae, and cyanobacteria
use light energy and reduce carbon dioxide, providing
organic substrates and oxygen. The photosynthetic
activity fuels processes in the total biofilm community,
including the heterotrophic fraction [6, 21]. The micro-
organisms produce extracellular polymeric substances
(EPS) that hold the biofilm together [8, 23].
There is a growing interest in the application of
phototrophic biofilms, for instance in wastewater treat-
ment in constructed wetlands, bioremediation [26, 30],
aquaculture [3], and in the development of antifouling
agents [4, 5, 22]. To be able to optimize biofilm
development for specific applications it is key to
understand the structure and functioning of photo-
trophic biofilms. The laboratory-based cultivation of
phototrophic biofilms provides a valuable alternative
for natural systems by allowing experimental manipu-
lation of the entire microbial ecosystem.
In this study, we addressed the formation of
oxygenic phototrophic biofilms in the context of primary
ecological succession. Successional community changes
during the colonization of new habitats or after envi-
ronmental disturbances have been described for commu-
nities of planktonic and benthic microalgae [12, 24], and
more recently in bacterial communities [9, 14, 18].
Primary succesional development of an ecosystem is
always initiated by the settlement of pioneer organisms in
a previously uncolonized environment. In the present
work, we have studied the early events of surface
colonization to identify pioneer organisms that initiate
phototrophic biofilm succession.
We cultivated biofilms in a specially developed flow-
lane incubator with controlled external light, temperature,
and flow velocity. In addition, cultivation experiments
were carried out in small flow-cell-type incubators. The
growth of the biofilms was monitored continuously.
DGGE of PCR-amplified SSU rRNA gene fragments in
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sequencing and phylogenetic analysis were used to
monitor changes in the community composition of the
biofilms that developed under different light conditions.
Materials and Methods
Biofilm incubator. The incubator used in this study
contained four separate flow channels through which a
volume of 4 L medium circulated over a surface covered
with 47 polycarbonate slides (76 25 1 mm). Poly-
carbonate slides were used as a substratum for biofilm
adhesion. Each light chamber contained an adjustable light
source and the circulation speed of the culture medium
could be regulated precisely. The medium was refreshed
twice a week. Biofilm growth was monitored and recorded
with three light sensors that were positioned directly under
selected polycarbonate slides. Each light sensor contained
three independent photodiodes. Light absorbance was used
as an indicator for biomass accumulation. The incubator
design was described in more detail by Zippel & Neu [33].
In addition, aluminum flow-cell type incubators
with a channel dimension of 4 26 108 mm, covered
with polycarbonate lids were used. The aluminum body
of the flow cells contained a water channel for temper-
ature control. The transparent polycarbonate lids formed
the substratum for biofilm growth.
Growth conditions and inoculum. The mineral
medium used was a modification of the BG11 as
described by Stanier et al. [28]. Ammonium ferric
citrate green was replaced by FeCl3. The vitamins
cyanocobalamin (40 mg/L), thiamine HCL (40 mg/L), and
biotin (40 mg/L) were added. NaSiO3I9H20 (57 mg/mL)
was added to allow the growth of freshwater diatoms.
Phototrophic biofilm samples obtained from a
sedimentation tank of the wastewater treatment plant
(WWTP) at Fiumicino Airport (Rome, Italy) were used
as inoculum of biofilm development at the polycarbonate
slides within the flow lane incubator. The community
composition of these environmental phototrophic bio-
films was described in detail by Albertano et al. [1]. To
reduce predation pressure, inocula were frozen for 2 days
at _20-C to kill protozoa, metazoa, and nematodes.
The biofilms were grown at 20-C and at a medium
flow rate of 100 L/h. The biofilms were grown under a
photon flux density (PFD) of 15, 30, 60, and 120 mmol
photons m
_2 s
_1. A diurnal cycle of 16 h light and 8 h
dark was applied. The growth and development of the
biofilms was monitored for 35 days.
The influence of heterotrophic bacteria on the
development of phototrophic biofilms was studied in
separate biofilm cultivation experiments. Two identical
flow cells were inoculated with an environmental photo-
trophic biofilm sample collected from a helophyte pond
system from the municipal WWTP at St. Maartensdijk
(The Netherlands) and incubated for 7 days in complete
darkness. Flow cells with modified BG11 medium were
maintained at a constant temperature of 20-C, an irradiance
of 60 mmol photons m
_2 s
_1, and a flow rate of 0.5 L/h.
After 7 days the transparent polycarbonate top of
one flow cell (flow cell II) was replaced by a new sterile
top. Both flow cells were again inoculated and biofilm
development on the polycarbonate top lid was docu-
mented over a period of 20 days.
Image analysis of biofilm scans. A CanoScan
LiDE 60 flatbed scanner (Cannon Inc., Tokyo, Japan)
was used to capture images of the polycarbonate
incubated in the flow cells (I and II). Every day, the
lids were removed from the flow cells and gently placed
on the glass surface of the flatbed scanner. Slides were
covered with a white plastic tray to exclude external light.
The resulting scans were saved as an 8-bit tagged image
file format (TIFF). Image analysis was performed using
ImageJ 1.36b (National Institutes of Health [NIH],
Bethesda, MD, USA). Lids were carefully placed back
onto the flow cells for further incubation. Mean and
standard deviation of the gray values of each image were
calculated using the integrated measurement tool. It
must be noted that the tone value of an 8-bit pixel ranges
from 0 to 255, where 0 is the blackest black and 255 is the
whitest white.
Sample collection. Biofilms grown under four
different light conditions were sampled when they reached
the initial colonization, exponential, and mature phase of
their development. These phases were defined as the times
when the subsurface light sensors measured, 10, 50, and
80% light absorbance, respectively. One polycarbonate
slide was removed from the incubator lanes at the exit side
of the flow lane at each sampling event. The samples were
immediately stored at _20-C for further analysis.
Duplicate samples were examined by bright-field micros-
copy (100 to 400 magnification) with a Zeiss Axioplan
microscope (Carl Zeiss, Jena, Germany).
DNA extraction. Biofilm biomass was scraped
from the slides with a sterile razorblade. Genomic DNA
was extracted by applying approximately 300 mg biomass
to the UltraClean Soil DNA Isolation Kit TM (Mo Bio
Laboratories, Carlsbad, CA, USA) according to the
manufacturer’s protocol. Complete cell lysis was
verified afterward by using phase-contrast microscopy.
The quantity and quality of the extracted DNA were
analyzed by spectrophotometry using the NanoDrop
ND-1000 TM (NanoDrop Technologies, Wilmington,
DE, USA) and by agarose gel electrophoresis. DNA
dilutions were stored at _20-C.
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Polymerase chain reaction (PCR) amplification
of rRNA gene fragments. Extreme care was taken to
prevent any DNA contamination of solutions and plastic
disposables used for PCR. All heat sterilized plastic tubes
were exposed to UV light for 30 min before use. Only
DNA- and RNA-free water (W4502, Sigma-Aldrich, St.
Louis, MO, USA) was used to prepare PCR reagent stock
solutions and PCR reaction mixtures.
To amplify the bacterial 16S rRNA encoding gene
fragments, the DNA dilutions were used as template
DNA in 50-ml PCR reactions using the primers 341F-GC
and 907R, and PCR conditions as described by Scha¨fer
et al. [24]. This PCR was carried out with a denaturation
step of 5 min at 94-C, followed by 35 cycles of
denaturation of 1 min at 94-C, annealing of 1 min at
60-C, and extension of 1 min at 72-C, followed by a final
extension step of 15 min at 72-C. All amplification
reactions were performed in a T1 Thermocycler (Bio-
metra, Westburg, the Netherlands).
Denaturing gradient gel electrophoresis of Polymerase
chain reaction (PCR) products. Denaturing gradient
gel electrophoresis (DGGE) was performed as described
by Scha¨fer & Muyzer [25]. Briefly, 1-mm thick 6% acryl-
amide gels with a urea–formamide gradient of 20–80%
were used for bacterial 16S rRNA gene fragments. Gels
were run in Tris–acetate–EDTA buffer for 16 h at 100 V
and at a constant temperature of 60-C. Gels were stained
in an ethidium bromide solution and analyzed and
photographed using the GelDoc UV Transilluminator
(BioRad, Hercules, CA, USA).
The dominant bands were excised from the DGGE
gels with a sterile surgical scalpel. Each small gel slice was
placed in 15 ml of sterile water for 24 h at 4-C.
Subsequently, 2 ml of the solution was used as template
DNA for reamplification as described above. The PCR
products were again subjected to DGGE analysis to
confirm the purity and their position relative to the
bands from which they were originally excised. The PCR
products were purified using the QIAquick Gel Extrac-
tion Kit (QIAGEN, Hilden, Germany). Purified PCR
products were sequenced by a commercial company
(BaseClear, Leiden, the Netherlands). DGGE profiles
were compared visually on the basis of the presence
and relative density of bands. In addition, the presence
and absence of DGGE bands in different samples were
scored in binary matrices. This binary matrix was
translated into a distance matrix using the Jaccard
coefficient. A dendrogram was then constructed by the
UPGMA clustering method [11]. Jaccard coefficient and
UPGMA calculations were done with the software
package Primer 6 (PRIMER-E Ltd, Plymouth, UK).
Comparative sequence analysis. Partial 16S rRNA
gene sequences with a length between 400 and 500 bp were
first compared to the sequences stored in the GenBank
nucleotide database using the BLAST algorithm [2] to obtain
a first identification of the biofilm community members.
Subsequently, the sequences were imported into the ARB
SSU rRNA database (available at http://www.arb-home.de)
[17]. The dissimilarity values were used to calculate distance
matrixes. Distance matrix trees were generated by the
Neighbor-Joining (NJ) method with the Felsenstein
correction as implemented in the PAUP 4.0B software
(Sinauer, Sunderland, MA, USA). The NJ calculation was
subjected to bootstrap analysis (1000 replicates).
The DNA sequences obtained in this study were
deposited in the GenBank Nucleotide database and
assigned accession numbers DQ388949 to DQ388967.
Results
Biofilm development. Biofilm growth was monitored
by the decrease of subsurface light. The duration of the
initial colonization phase after inoculation was õ8 days in
the biofilms grown at a photon flux density (PFD) of 60
and 120 mmol photons m
_2 s
_1 (Fig. 1). At 30-mmol
photons m
_2 s
_1, the initial phase lasted until õ22 days
after inoculation. The biofilm growing at 15-mmol
photons m
_2 s
_1 did not show an exponential growth
phase. Therefore, the second and third PFD 15 samples
were collected at day 25 and day 35, respectively. The
fluctuations in light absorbance after higher light
biofilms reached their mature phase were caused by
detachment and subsequent recolonization of parts of
the biofilm, also known as sloughing [29].
The average dry weight per slide at the end of the
growth experiment was approximately 0.15 g in the PFD
60 and PFD 120 lanes, about 0.06 g in the PFD 30 lane
and 0.008 g in the PFD 15 lane. This shows that the
sensors are suitable for monitoring biomass increase, but
they are not suitable as indicators for the actual biomass.
Figure 1. Growth curves of phototrophic biofilms growing at four
incident light intensities (120, 60, 30, and 15 mmol photons m
_2 s
_1).
Biofilm development is indicated as the increasing light absor-
bance derived from the decrease of subsurface light.
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Molecular analysis of the microbial community. The
DGGE band patterns describing bacterial community
diversity during the initial, exponential, and mature phases
of biofilm development under the four different light
intensities were all different. The initial phase DGGE
patterns from the high light intensity biofilms (PFD 60
and 120) shared two dominant bands (Fig. 2, bands 1 and
4). Band 1 was affiliated to the chloroplast of Scenedesmus
obliquus and band 4 was affiliated to an unidentified
member of the Bacteroidetes (formerly known as the
Cytophaga-Flavobacteria-Bacteroides (CFB) group). The
presence of Scenedesmus-like unicellular algae in the initial
phase at high light intensity was confirmed by microscopic
observations. Bands at the same position in the gel and with
the same phylogenetic affiliation as band 1 were also present
during the exponential and mature phase at high light
intensities. During the exponential phase, thick dominant
bands appeared at similar positions in the DGGE profiles of
the PFD 60 and PFD 120 biofilms. These bands represented
DNA sequences affiliated to the filamentous cyanobacterium
Microcoleus vaginatus, a known inhabitant of desert soil
crusts [10] (Fig. 2, bands 8, 12, 13, and 17, and Fig. 3).
However, the bands corresponding to Scenedesmus obliquus
were also present during the mature phase. Light
microscopic observations confirmed that during the
exponential and mature phase, the top layer of the biofilm
consisted predominantly of Microcoleus filaments, which
covered the Scenedesmus-like cells.
The initial colonization phase of the lower light
intensity biofilms (15 and 30 mmol) was characterized by
the presence of one dominant band affiliated to the b-
proteobacteria. The exponential phase DGGE pattern of
the PFD 30 biofilm showed three dominant bands
corresponding to Scenedesmus obliquus, Microcoleus
vaginatus, and Synechocystis sp. The pattern from the
mature phase PFD 30 samples showed two dominant
bands corresponding to sequences affiliated to Micro-
coleus vaginatus and Synechocystis sp. (Fig. 2, bands 16
and 17). The Scenedesmus obliquus band had almost
completely disappeared. After 35 days, the PFD 15
biofilms showed bands affiliated to unicellular Synecho-
cystis-like cyanobacteria. (Fig. 2, band 19, and Fig. 3).
The presence of unicellular cyanobacteria was confirmed
by light microscopy.
The UPGMA dendogram (Fig. 4) constructed from
the DGGE profiles shows the highest similarity between
samples from similar developmental phases. It is remark-
able that the dendogram shows one big cluster with the
initial phase DGGE patterns and one cluster with the
exponential and mature phase DGGE patterns. However,
DGGE patterns from the three PFD 15 biofilm samples
were all in one cluster.
Role of heterotrophic pioneers. To get a better
understanding of the role of heterotrophs in the phototrophic
biofilm, a separate cultivation experiment was conducted
using small flow cells. Analysis of surface images obtained
with the scanner showed that the more biomass developed on
the flow-cell lid the darker the image would appear. Although
the actual biomass was not determined, we assumed that
Figure 2. DGGE patterns of 16S rRNA gene fragments obtained after enzymatic amplification using general bacterial primers and
genomic DNA samples from phototrophic biofilms growing at four incident light intensities (120, 60, 30, and 15 mmol photons m
_2 s
_1).
Samples were collected during the initial, exponential, and mature phases of biofilm development. Numbers at the left of each lane
correspond to bands that were excised, PCR amplified, and sequenced.
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changing average gray values could be used as an indirect
indication of biofilm growth. A similar biofilm analysis
method was applied by Milferstedt et al. [19]. In this study, it
was shown that average biofilm biomass is highly correlated
with the gray levels of biofilm images obtained with a
scanner.
Biofilm growth on polycarbonate surface preincu-
bated in the dark was compared with that on pristine
polycarbonate surface. Mean gray values calculated for
each slide scan showed that the duration of the initial
colonization phase on the slides that were preincubated

































Figure 4. UPGMA dendogram show-
ing the combined clustering analyses of
digitized DGGE profiles (Fig. 2). The
analysis is based on the presence or
absence of bands at certain positions in
each lane of the gel. *The biofilm
cultivated at 15 mmol photons m
_2 s
_1
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Figure 3. Evolutionary tree showing the phylogenetic affiliations as revealed by comparative analysis of the general bacterial 16S rRNA
gene sequences derived from the DGGE bands shown in Fig. 2. The sequences obtained in this study are printed bold. Escherichia coli
(AJ567606) was used as an out-group, but was pruned from the tree. Bootstrap values based on 1000 replicates are indicated for branches
supported by 950% of trees. Scale bar indicates 10% estimated sequence divergence.
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Figure 5. Biofilm development on polycar-
bonate incubated in two flow cells. Both flow
cells were preincubated for 7 days with inocu-
lated BG11 medium in complete darkness. At
day 8, the polycarbonate lid of flow cell II was
changed. Subsequently, both flow cells were
subjected to 60 mmol photons m
_2 s
_1 irradia-
tion for 19 days. (A) Column I (flow cell I) and
II (flow cell II) show images of the lids that
were scanned at different time points. The
mean and standard deviation (SD) of the pixel
gray values in the scanned area are indicated
under each image. It must be noted that the
gray value of an 8-bit pixel ranges from 0 to
255. (B) Inverse of the mean gray values of
biofilm images captured over a period of 19 days:
(Ì) Flow-cell I, (r) Flow-cell II. (C) Replicate
experiments showing biofilm development on
precolonized polycarbonate (Flow cell I, white)
and pristine polycarbonate (Flow cell II, black)
after 1, 10, and 19 days of incubation. Replicates
are indicated as 1, 2, and 3.
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and B). Replicate experiments showed the same trend,
although the rate at which biofilms developed was variable
(Fig. 5C). Microscopic examination confirmed that after
7 days of preincubation in the dark, the polycarbonate
lids were colonized by heterotrophic bacteria.
Discussion
Our results show that the cultivated biofilms were inhabited
by a phylogenetically diverse array of microorganisms. We
found sequences affiliated to eukaryote chloroplasts,
cyanobacteria, b-proteobacteria, and the Bacteroidetes
group. The community composition of the cultivated
phototrophic biofilms clearly changed over time.
The daily increase in light absorbance during the
exponential phase was similar for the light intensities of
30, 60, and 120 mmol photons m
_2 s
_1. We only observed
that the duration of the initial colonization phase
increased when light intensities decreased. We think that
cyanobacteria are responsible for the exponential growth
of the biofilm because we observed dominant DGGE
bands representing filamentous cyanobacterial species in
the profiles of the exponential and mature phase
biofilms. The UPGMA analysis of the DGGE patterns
shows one cluster with the initial phase biofilms and one
cluster with the exponential and mature phase biofilms.
This indicates that these biofilm communities experi-
enced similar changes in biodiversity during their
development. The fact that the DGGE patterns from
the three developmental phases of the low-light biofilm
(PFD 15) clustered together in the UPGMA dendogram
suggests that the low-light biofilm did not really mature
during the experimental time.
The phylogenetic analysis of DGGE bands showed
that at high light intensities unicellular algae affiliated to
Scenedesmus sp. attached first to the polycarbonate
substratum. It seems that as soon as the surface was
covered with some biomass, Microcoleus vaginatus strains
were able to overgrow the biofilm resulting in an
exponential increase in biofilm thickness. At lower light
intensities, the polycarbonate surface was initially colo-
nized by b-proteobacteria. Previous studies showed that
heterotrophic bacteria play an important role as early
colonizers during biofilm development on submerged
glass slides in a marine environment [7].
The exponential growth of the PFD 30 biofilm was
also caused by the rapid growth of M. vaginatus-like
cyanobacteria. However, the exponential and mature
stages of the PFD 15 and PFD 30 biofilms also contained
unicellular Synechocystis-like cyanobacteria. It could be
hypothesized that filamentous cyanobacteria outcompete
unicellular cyanobacteria for light by their ability to
migrate toward optimal light conditions. At lower light
intensities this advantage could be reduced because of a
lower light-affinity coefficient [27, 31].
It is possible that the succession observed in the large
flow lane incubator mainly occurred because conditions
in the biofilm changed, largely because of microbial
activity and growth itself. Early colonizers might change
the environmental conditions in the biofilm, e.g., by
altering the substratum surface [16, 18], and hence
facilitating the attachment of filamentous cyanobacteria.
Another explanation for the dominance of cyanobac-
teria in the exponential and mature phase biofilms could
be the different critical light intensities of algae and cyano-
bacteria [32]. The initially fast growing Scenedesmus
strains may experience increasing light limitation result-
ing from self-shading. Although cyanobacteria cannot
reach the maximum growth rates of green algae, they
show higher growth rates at low light intensities.
Competition experiments in light-limited chemostats with
cultures of Aphanizomenon, Microcystis, and Scenedesmus
sp. by Huisman et al. [13] showed that the cyanobacteria
outcompete Scenedesmus for light, independent of their
initial abundance. This critical light intensity effect has
not been described before for benthic communities. An
important difference between continuous suspended
cultures and cultivated biofilms is that the dilution rate
of the reactor imposes no artificial loss factor on biofilm
communities.
Our separate cultivation experiments with the flow
cells seem to confirm the importance of heterotrophic
pioneers [7]. Analysis of the polycarbonate surface scans
suggests that colonization by heterotrophic bacteria
enhances the establishment of a phototrophic biofilm.
However, it is also possible that the observed difference
in biofilm growth is a result of surface conditioning by the
association of organic compounds to the polycarbonate.
Because the mineral medium used in the incubator
contained no organic carbon, it seems that heterotrophic
pioneers utilized organic compounds that were present
in the inoculum. The slow growth of heterotrophs at
relatively low carbon conditions could explain the long
initial phase at low light intensities. It is possible that at
higher light intensities photototrophic pioneers like
Scenedesmus sp. grow faster and provide the system with
sufficient carbon.
In conclusion, our results show that the development
of phototrophic biofilms under controlled conditions
involves a series of successional community changes. The
influence of light on the biofilm growth rate and the
community composition appeared more prevalent dur-
ing the initial phase of biofilm development. Photo-
trophic biofilms developed faster on polycarbonate
surfaces that were precolonized by heterotrophic bacteria.
These data illustrate that although a mature biofilm
community can be dominated by a few species, there is
also a minor set of organisms, e.g., heterotrophic
bacteria, that may be crucial for the initial establishment
and the consequent development of that biofilm com-
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munity. These results may have implications for the
cultivation of phototrophic biofilms in wastewater treat-
ment applications and for control of biofouling domi-
nated by phototrophic biofilms. Future experiments
should focus on the mechanisms by which heterotrophic
precolonization enhances phototrophic biofilm development.
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